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When transferring electrons to insoluble FeIII oxyhydroxide par-
ticles, the bacterium Geobacter sulfurreducens must utilize a
chain of redox proteins to relay electrons from cytoplasmic
electron carriers to external electron acceptors. In the presence
of an electrode poised at an oxidizing potential, not only can
cells in contact with the electrode respire directly to the sur-
face, but 10 to 20 cell layers can stack upon each other, and
each layer is also electrically connected to the electrode.[1–3]

Thus, G. sulfurrueducens naturally self-assembles a three-dimen-
sional network of proteins capable of oxidizing complex fuels,
relaying electrons out of the cytoplasm and across their mem-
branes, and through a biofilm as thick as 40 mm, to sustain cur-
rent densities on the order of 1 mA cm�2.[4, 5] Such rates of si-
multaneous enzymatic oxidation and long-range current trans-
fer rival those achieved by pure enzymes embedded in ad-
vanced redox hydrogels.[6]

The adaptation of electrochemical techniques to study and
control this complex microbial electron-transfer process has
opened a window into the physiology of these bacteria.[1, 2, 5, 7–9]

However, challenges remain in correlating voltammetry data
with specific proteins, and understanding the molecular mech-
anism of long-distance electron relay between living cells.[10–13]

Mutant analyses, immunogold labeling, and proteomic stud-
ies[7, 14–18] have suggested roles for many different multiheme c-
type cytochromes, as well as pili and multicopper pro-
teins,[7, 14, 16, 18–24] but less is known about their kinetics or activity
in vivo.

The use of spectroscopic methods during potentiometric
analysis of redox enzymes offers a tool to directly measure the
redox status of multiple cofactors. When proteins are immobi-
lized on transparent conductive electrodes, potential-depen-
dent changes can be linked to specific redox centers.[25, 26] Two
recent reports extended spectral and electrochemical tech-
niques to the study of whole cells capable of electron transfer
to electrodes. Busalmen et al. detected signatures characterisic
of c-type cytochromes at a Geobacter cell–electrode interface
using surface-enhanced infrared absorption,[27] while Nakamura
et al. were able to detect redox-dependent changes in the

Soret-band characteristic of c-type cytochromes in Shewanella
suspensions, using evanscent wave spectroscopy.[28]

These previous studies primarily examined concentrated cell
suspensions for short periods of time. However, it is well
known that biofilm growth requires disctrete attachment, bio-
synthesis, and secretion events to construct the external net-
work of delicate proteins that transports electrons from
cells.[18, 29–33] Thus, the goal of this work was was to design a
system able to support growth of metal-reducing bacteria on
transparent conductive electrodes to link potential-dependent
changes with real-time measurements of spectral signatures in
an undamaged biofilm network (Figure 1).

Extensive physiological, proteomic, mRNA expression, and
imaging data already exists describing Geobacter biofilm
growth on graphitic carbon and gold electrodes. To investigate
whether data from this well-understood model could be com-
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Figure 1. Diagram showing the anaerobic spectroelectrochemical reactor de-
signed for this study. The use of a quartz chamber and a double-sided ITO-
coated glass electrode maximized the optical signals. The reactor was main-
tained at 30 8C with magnetically driven agitation to allow simultaneous
growth, electrochemistry, and spectral analysis (WE: working electrode; CE:
counter electrode; RE: reference electrode).
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pared to growth on indium tin oxide (ITO) surfaces, we placed
electrodes coated with electroplated gold in the same reactor
with ITO electrodes, and exposed both to a culture of G. sulfur-
reducens to simultaneously measure colonization rates and cur-
rent densities.

While no toxicity or attachment issues were observed, the
choice of high- versus low-resistance ITO films was found to
exert a strong influence on the results. Example data compar-
ing low-resistance ITO (sheet resistance of 30 W per square)
and high-resistance ITO (100 W per square) with gold electro-
des of identical geometric surface areas are shown in Figure 2.

Screening of a range of electrode surfaces demonstrated that
only low-resistance ITO electrodes supported rapid Geobacter
attachment, produced identical growth rates, and repeatable
current densities (440 mA cm�2 + /-25, n = 5) seen with more
commonly used gold and graphite[1] electrodes, and could be
compared with previous studies.

Two techniques used to study bacterial redox proteins in
communication with electrodes are slow-scan-rate voltamme-
try in the presence of electron donors (catalytic voltammetry),
and scan-rate analysis in the absence of electron donors
(single-turnover voltammetry). As shown in Figure 2, sigmoidal
catalytic waves were obtained for both gold and ITO electro-
des, with similar onset and midpoint potentials,[1, 2] further illus-
trating the similarity between electron transfer to these materi-
als when low-resistance ITO was used.

In the absence of electron donor, the number of detected
redox species (Figure 3) and their apparent redox potentials
were also similar to what has been reported with gold and
graphite electrodes. Scan-rate analysis comparing ITO and
gold-grown biofilms showed that the peak height increased
proportional to the square root of the scan rate for both bio-
films above scan rates of 1 mV s�1. This relationship verified

that electron transfer through the biofilm above these scan
rates did not follow thin-film kinetics, but rather behaved ac-
cording to the semi-infinite diffusion behavior reported for
electron transfer within Geobacter biofilms.[1, 2, 5, 7, 8] This behavior
is common for systems in which the interfacial electron-trans-
fer reaction is fast compared to the rate electrons are ex-
changed between redox species within a film, such as redox
polymers.[34] Most importantly for this work, the kinetics of
electron transfer through this film during single-turnover vol-
tammetry was comparable, regardless of the electrode material
chosen.

Imaging of biofilms grown for 140 h on low-resistance ITO
using laser scanning confocal microscopy revealed uniform
coverage of the electrodes, to a consistent thickness (averag-
ing 30 mm) with no large pillar or mushroom-like structures,
after the culture reaches a stable current density. Based on
LIVE/DEAD staining to asses membrane integrity (see Figure S1
of the Supporting Information), ITO-grown films were dominat-
ed by live cells, even after multiple manipulations (starvation
for cyclic voltammetry, recovery and growth in plateau phase
for more than three days).

Peeling of the biofilm from the electrode was found in a
small percentage of sites after rapid dehydration for scanning
electron microscopy analysis, by omission of the critical point
drying step (Figure 4, complete confocal images for compari-
son in the Supporting Information, Figure S1). Imaging within
these fractured regions revealed a highly ordered layer of Geo-
bacter cells, typically oriented along the long axis of the cells.

This series of comparisons demonstrated that 1) consistent
biofilms with similar growth and electrochemical properties as
those studied with gold or graphite could be grown on low-re-
sistance ITO electrodes, and 2) these films were dominated by
a uniform film of live cells that remained viable after starvation.
These results supported the use of ITO in stirred quartz cuv-
ettes for study of Geobacter, and showed that growth charac-

Figure 2. Cyclic voltammetry (1 mV s�1) for G. sulfurreducens biofilms oxidiz-
ing acetate using identically sized 30 W (black), 100 W (blue) ITO, or electro-
plated gold electrodes (red). Inset : Chronoamperometry showing coloniza-
tion of the surfaces. By including multiple electrodes in the same reactor, all
electrodes were exposed to identical culture conditions for testing.

Figure 3. Single-turnover scan-rate analysis of donor-starved gold (red) and
ITO (black) G. sulfurreducens biofilms, showing similar scan-rate dependence
and semi-infinite kinetics above rates of 1 mV s�1. Inset : non-baseline-sub-
tracted single-turnover voltammogram (5 mV s�1) showing similar potentials
of main redox peaks regardless of the electrode material used.
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teristics in our reactor could be compared with previous data
using graphite or gold electrodes.

For spectral studies, biofilms were grown to the point of
constant current density using acetate as the electron donor,
and medium in the reactor was replaced with electrolyte lack-
ing electron donor. Cells were starved for 24 h to deplete intra-
cellular reserves, and the medium in the reactor was replaced
a second time. To test if cells adherent to the reactor walls con-
tributed to absorbance, spectral scans were collected with and
without the ITO electrode in place. The contribution from wall-
attached cells was always less than 1 % of the total (n = 4) at
this stage, showing that spectral signals were primarily derived
from electrode-attached bacteria. As planktonic bacteria are re-
leased from growing biofilms, and reactors could accumulate
wall growth over time, controls to monitor this potential pool
of non-attached bacteria should always be included in longer-
term experiments.

Figure 5 shows representative complete spectral scans from
a mature (~30 mm thick, 96 h of growth) biofilm of G. sulfurre-
ducens, depleted of electron donors. Biofilms were pre-equili-
brated at the set potential for 10 min (see Figure 7 for more
data related to time required for equilibration). Dominant spec-
tral signatures were observed in the 410–418 nm Soret region,
as well as the 552 nm a and 523 nm b-bands that are charac-
teristic for low-spin c-type cytochromes.[35] Minor shoulders in-
dicative of high-spin hemes, peaks characteristic of other
heme species or His-Met coordination, peaks characteristic of
multicopper proteins, or peaks attributible to known redox-
active compounds were not obvious in this data, although the
possibility remains that the c-type cytochrome spectral signa-
tures overwhelmed minor peaks.

These spectral features responded immediately to changes
in imposed voltage across a wide potential window. Complete
reduction was observed below �0.35 V, and complete oxida-
tion occured above + 0.1 V, based on both characteristic wave-
lengths used to measure cytochrome redox state. In separate
experiments, when biofilms oxidized at + 0.2 V were exposed
to air, no further increases in c-type cytochrome absorbance
signatures were observed (n = 3), further demonstrating that

all cytochromes were accessible by the electrode in these stud-
ies.

Clear isosbestic points for each major peak could be identi-
fied and were used for estimation of the redox state of c-type
cytochromes. When the change in either Soret (~410 nm) or a-
band absorbance (552 nm) was plotted as a function of the ap-
plied potential, the predicted redox states of cytochromes in
biofilms were identical. Films could be completely oxidized
and reduced multiple times with no change in total absorb-
ance or calculated redox status.

As these spectral scan experiments at poised potentials
were highly repeatable, and either wavelength was able to
produce identical readouts of redox status, this provided sup-
port for the use of a subset of wavelengths as indicators of
baselines (isosbestic points), and redox status during linear
sweep voltammetry. This allowed many measurements per
second to be collected from each wavelength during voltam-
metry. The aim of these experiments was to measure the aver-
age redox status of all c-type cytochromes in the biofilm
across a range of imposed redox potentials. To do this, it was
first nessecary to prove that the scan rate did not affect the re-

Figure 4. Scanning electron micrograph (scale bar = 50 mm) of a region of an
ITO-grown biofilm intentionally cracked during dehydration, to reveal bio-
film organization throughout the area. Cracking was not observed during
normal dehydration and critical-point drying, but this manipulation could be
used to reveal the thickness and interior architecture of the film.

Figure 5. A) Spectral data from G. sulfurreducens biofilms grown on ITO elec-
trodes, starved free of electron donors and washed to remove planktonic
cells. Each scan was collected after the biofilm was poised at the potential
indicated for 10 min. Data in (B) shows reduced minus oxidized spectra
using biofilms at + 0.240 V as the baseline. Wall growth in the cuvette was
responsible for less thsan 1 % of the spectral signals.
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sults, and that the redox status did not depend upon the
sweep direction or the number of cycles.

Figure 6 shows raw voltammetry data (in red) from two
linear sweep cycles at a scan rate ten times slower than what
is typically used with this organism (0.1 mV s�1). Figure 6 also
shows raw absorbance changes (in black) due to cytochrome
oxidation for each sweep. The major finding of these repeated
slow-scan-rate experiments was that the spectral data ob-
tained in both the anodic and cathodic directions during all
replicates was identical when 0.1 mV s�1 scan rates were used.
Thus, this scan rate is slow enough to allow all cytochromes in
the film to equilibrate with the set potential of the electrode
and reveal their redox state, independent of kinetic effects.

A second variable investigated was the effect of increasing
the scan rate. Biofilms subjected to linear-sweep voltammetry
at 0.2 mV s�1 showed an identical relationship to what is
shown in Figure 6. However, raising the scan rate to 1 mV s�1

began to reveal hysteresis. Data comparing 0.1 mV s�1 and
1 mV s�1, as well as data from electrodes held for ten minutes
at each potential, are overlaid in Figure 7 B. These comparisons
provide a redox titation for the complete suite of electrode-ac-
cesible cytochromes within intact G. sulfurreducens biofilms
and show that even at scan rates of 1 mV s�1, some cyto-
chromes within the biofilm do not have time to adjust to the
imposed potential.

The fact that the spectral data from the forward and reverse
sweeps lagged behind voltage changes at scan rates greater
than 1 mV s�1 agreed with the results of electrochemical analy-
sis, which measured semi-infinite diffusional kinetics above
these scan rates (Figure 3). On timescales slower than 1 mV s�1,
the rate of electron transfer within the film was rapid enough
to prevent gradients from forming, and all cytochromes within
the film equilibrated with the electrode. As the scan rate ex-
ceeded the time needed for electrons to travel from within the
biofilm to the electrode, the redox state of some cytochromes
lagged behind the imposed potential, causing parts of the
curve in Figure 7 B to shift to more positive potentials during
the anodic sweep and more negative potentials during the
cathodic sweep. At 1 mV s�1, this hysteresis was subtle, but

was most noticeable in the
higher potential window, and
was seen in all experiments. This
kinetic deviation will be highly
useful in future studies, as it in-
dicates that spectroelectrochem-
ical analysis may be able to re-
solve differences between indi-
vidual cytochrome oxidation
rates in the biofilm.

When the total Coulombs of
charge collected during base-
line-subtracted voltammograms
were intergrated, it was possible
to calculate the potentials at
which the film discharged 25,
50, and 75 % of its electrons
(averaged for forward and re-

verse sweeps). These measurements agreed within 10 mV of
the same estimates calculated from c-type cytochrome absorb-
ance. In other words, when 25 % of the electrons stored within
the biofilm were collected by the potentiostat, a 25 % drop in
the c-type cytochrome signal was measured. This agreement
between electron-discharge data and spectral data provides in-
dependent evidence that the overwhelming majority of elec-
trons stored within these Geobacter biofilms at physiological
potentials reside in c-type cytochromes and not in other
redox-active proteins or molecules. Such observations support
the concept of the c-type cytochrome pool as the primary re-
servoir for electron storage by Geobacter.[36, 37] These calcula-
tions were performed within a potential range spanning the
known range of metal-oxide electron acceptors, where water,
proteins, and DNA are stable (�0.4 to + 0.4 V). While the use
of higher[27] or lower voltages may reveal additional redox aci-
tivty or electron storage, it would need to be established if
such events were damaging to the cell, and if they were equal-
ly reversible.

This data reveals many interesting features of the Geobacter
cytochrome network, especially when considered in the con-
text of potentials required to drive anodic electron transfer out
of the bacterium. First, nearly 35 % of cellular cytochromes are
oxidized within the lower �0.4 to �0.22 V window (Figure 7 B),
yet catalytic voltammetry has never shown significant anodic
current when electrodes are poised in this range (Figure 3).
This suggests that electron transfer via these cytochromes is
not what controls electron transfer out of the cell. Second, this
redox window is not symmetrical, dropping off steeply after
�0.15 V to become fully oxidized by 0 V (Figure 7 C), indicating
a lack of cytochromes with potentials above this range.

As we designed these experiments to create the same con-
ditions previously used to obtain biochemical and transcrip-
tional information from G. sulfurreducens, it is possible to di-
rectly compare the redox behavior in biofilms with redox po-
tentials of outer-surface cytochromes known to be expressed
under these growth conditions by Geobacter. The macroscopic
redox potentials of four multiheme cytochromes abundant in
electrode-grown biofilms of G. sulfurreducens have been re-

Figure 6. Raw data from slow-scan-rate linear-sweep voltammetry (0.1 mV s�1) for G. sulfurreducens biofilms (red
traces) showing two successive anodic sweeps (A) and cathodic sweeps (B). Note the reversal of the potential
scale in (B). The black traces show the raw absorbance difference (552 nm–561 nm) for both sweeps. Minor differ-
ences in voltammetry could be observed due to residual catalytic activity, but the spectral signals were identical
between the sweeps, in both directions.
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ported. The octoheme cytochrome OmcZ has a broad poten-
tial window spanning from �420 to �60 mV, and centered at
�220 mV,[16] while the hexaheme cytochrome OmcS is oxidized
over a range of �360 to �40 mV, centered at �212 mV.[19]

OmcZ is found loosely attached to the outer-surface matrix,

while OmcS has been found to coat pili ; thus, these proteins
would be predicted to be farthest from the membrane and
most accesible to the electrodes.[16, 18] The little data available
for the dodecaheme cytochrome OmcB, which is closely at-
tached to the outer membrane, suggests an equally broad
window centered around a macroscopic potential of
�190 mV.[38]

Interestingly, these low-potential ranges reported for pro-
teins found beyond the cell membrane agree with the large
amount of cytochrome we detect between �0.4 V and �0.1 V.
The broad shape of the low-potential window is also in agree-
ment with the wide redox windows of OmcB, OmcS, and
OmcZ. As the extinction coefficients for multiheme cyto-
chromes (at 410 nm) have been reported to vary from at least
424 400 to 1 670 000 m

�1 cm�1,[16, 19, 39] it is not possible to use
spectral data to estimate the amounts of cytochrome detected
by spectroscopy, but integration of coulombic data and the
nonsymmetrical nature of the redox curve shows that lower
potential cytochromes are a major component of the conduc-
tive biofilm.

The triheme cytochrome PpcA, which is highly abundant in
the periplasm of G. sulfurreducens, is the likely reservoir of elec-
trons destined for the outer surface.[14, 40] Its macroscopic redox
potential is centered at �146 mV, although a cycle of protona-
tion and deprotonation alters the microscopic redox potential
of heme III to higher values (�123 mV) during oxidiation, and
lower values (�185 mV) during reduction.[41, 42] This potential
window is consistent with the sharp transition seen in biofilm
oxidation state at higher potentials, in the �150 mV range.

This observation that extracellular cytochromes have lower
potentials than periplasmic cytochromes raises interesting
questions unique to the Geobacter electron-transfer system. As
periplasmic PpcA cannot be in contact with the electrode, it
must rely upon outer-surface proteins to mediate transfer of
electrons outward. The fact that the outer-surface cytochromes
OmcB, OmcS, and OmcZ have lower formal potentials than
PpcA, yet are among the best candidates to serve as mediators
of electron transfer, is the opposite of how typical electron-
transfer chains are designed. A hypothesis for this arrangement
is that cells evolved to guarantee that their outer surface net-
work is always in an oxidized state, even when low-potential
acceptors are available, so they may always act as an acceptor
for the periplasmic pool.

Such an arrangement seems counterintuitive, but is feasible
if the electron-transfer rate constant for interfacial transfer be-
tween the cytochrome pool and the electrode surface is very
fast, allowing this bound mediator pool to rapidly equilibrate
with the electrode. A similar model was proposed recently in
electrochemical simulations of Geobacter biofilms.[4] One pre-
diction made by this hypothesis is that the periplasmic pool,
being ’upstream’ of this lower potential between-cell pool,
would be slower to respond to changes in electrode potential.
This is exactly what is seen as the scan rate is increased: while
the response at lower potentials remains similar, the spectral
changes in the �150 mV window lag behind. A second predic-
tion from this arrangement would be that the redox status of
the periplasmic cytochrome would ’gate’ electron flow to the

Figure 7. Correlation between potential and oxidation state of biofilm cyto-
chromes in the absence of an electron donor. A) Cyclic voltammetry at
0.1 mV s�1 (black) and 1 mV s�1 (red), non-baseline-subtracted. B) Fraction of
c-type cytochromes reduced in the biofilm as a function of the potential.
The round symbols are from poising the biofilm for 10 min before each de-
termination; the black lines show anodic and cathodic 0.1 mV s�1 sweeps;
and the red lines show the anodic and cathodic 1 mV s�1 sweeps. C) Deriva-
tive of (B), with the bars representing windows spanning 90 % oxidiation
and reduction for three highly abundant multiheme cytochromes in Geo-
bacter.
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exterior, which would explain the �150 mV midpoint potential
of catalytic cyclic voltammetry data.

As this same spectral methodology can be used to analyze
biofilms under catalytic condidions, it will be of interest what
the sequence of oxidation events is at faster scan rates, espe-
cially when these cytochromes are engaged in the active trans-
port of electrons. By combining this with mutant analysis
using cells expressing different levels of these cytochromes,
studies may be able to resolve how Geobacter creates a multi-
protein electron-transfer network that rivals the current densi-
ties of the best-known chemically synthesized redox hydrogels.

Experimental Section

Electrochemistry and UV/Vis Spectroscopy: Chronoamperometry (CA)
was performed on a 16-channel potentiostat and cyclic voltamme-
try (CV) was conducted using a Gamry PCI4 Femtostat. Gold elec-
trodes or ITO electrodes were used as working electrodes. Pt wires
and calomel reference electrodes consisting of mercury/mercurous
chloride and saturated potassium chloride (saturated calomel refer-
ence, SCE, 0.244 V vs. the standard hydrogen electrode, SHE) were
used as counter electrode and reference electrode, respectively. All
potentials are versus SHE. The scan-rate analysis was done using
starved cells in a non-turnover state. A SpectraMaxPlus384 (Molec-
ular Devices, California, USA) was used to measure the UV/Vis spec-
trum using a quartz cuvette of 10 mm path length (Starna Cells,
Atascadero, CA, USA) with a custom-joint to a top that could be
sealed with a butyl stopper to exclude oxygen (Figure 1). All ex-
periments were conducted at 30 8C.

Bacterial Strain, Culture Media, Biofilm Growth, ITO Glass, and Gold
Electrode Preparation: G. sulfurreducens strain PCA (ATCC51573) was
subcultured in our lab at 30 8C using a vitamin-free anaerobic
medium, as previously described.[1, 2] Acetate was provided as an
electron donor at 30 mm. All media were adjusted to pH 6.8 prior
to the addition of 2 g L�1 NaHCO3 and were flushed with oxygen-
free N2�CO2 (80:20 [vol/vol]) prior to sealing with butyl rubber
stoppers. All experiments were initiated by inoculating with 40 %
(vol/vol) of cells within 3 h of reaching maximum optical density
(OD>0.6) in the medium described, with 40 mm fumarate as the
electron acceptor. ITO-coated glass was ordered from Bayview
Optics (Maine) with a working area of 1 cm2, and was cleaned in
acetone and deionized water, respectively. Gold electrodes were
made by electroplating gold onto a silicon wafer with the same
working surface area, and were cleaned with 1 m nitric acid, etha-
nol, and then scanned within the potential range of 0.244 to
1.744 V in 0.5 m H2SO4 until a voltammogram characteristic of a
gold electrode was established.

Confocal Microscopy and Scanning Electron Microscopy (SEM) Analy-
sis : Biofilms on electrodes were stained with the LIVE/DEAD Bac-
light bacterial viability kit (Invitrogen, Carlsbad, CA) and was
viewed with a Nikon Eclipse C1 confocal microscope using 488 nm
and 561 nm filters. A S3500N SEM (Hitachi, Japan) was also used to
image the biofilms. After the biofilms were fixed in 2.5 % glutaral-
dehyde overnight, they were immersed in 1 % osmium tetroxide,
washed, and then dehydrated in 25, 50, 75, 95, and 100 % ethanol.
After critical point drying, the samples were sputtered with gold.1
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